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ABSTRACT: Biodegradation of oil by marine bacteria is a signiﬁcant pathway
to oil spill remediation. Marine hydrocarbon degrading bacteria are known to
form bioﬁlms consisting of exopolymer and interconnected bacterial cells. This
work indicates that microbial bioﬁlm aids in the stabilization of dispersed oil
droplets through the formation of bioﬁlm at the oil−water interface and is
therefore an environmentally benign and sustainable method to aid dispersion of
spilled oil. Using a model hydrocarbon degrading organism Alcanivorax
borkumensis, we show, through a combination of optical and high-resolution
cryogenic scanning electron microscopy, that these microbes sequester into
bioﬁlm at the oil−water interface. We show that the bacterial culture incubated
for 3 days and containing bioﬁlm can disperse oil slicks moderately well (40−
50%) as estimated by the baﬄed ﬂask test and can thus be used as an
environmentally benign response to oil spills. The dispersion occurs through
bacterial adsorption at the oil−water interface together with the aid of naturally secreted biosurfactants that lower the oil−water
interfacial tension by a factor of 2 to around 23 mN/m. When the bacterial culture is incubated for a week, the presence of
bioﬁlm at the interface can have a hindering eﬀect at oil dispersion through formation of a rigid interfacial layer of bioﬁlm. We
show that the dispersion eﬀectiveness of the commercial dispersant Corexit 9500A decreased approximately 25% in the
presence of a mature microbial bioﬁlm at the interface. Hexadecane biodegradation by the microbial culture was estimated, and
it was found that approximately 90% of hexadecane was degraded in the period of 5 days. This work provides a comprehensive
view on marine microbial bioﬁlm from a detailed characterization at the formation stage to the overall role in the context of oil
spill dispersion and further biodegradation. Bacterial bioﬁlm and biosurfactants represent fully environmentally sustainable and
natural materials for oil spill dispersion.
KEYWORDS: Alcanivorax borkumensis, exopolymer, Anadarko crude oil, baﬄed ﬂask test, oil dispersion, oil−water interface,
biodegradation

■

INTRODUCTION
Bacteria are known to form aggregates of cells in the form of
mats, ﬂocs, or bioﬁlms that are essential for their survival.1−3
Bioﬁlms are composed of microbial cells and extracellular
matrix that can make up to 90% of the weight of bioﬁlm.1 The
extracellular matrix is a conglomeration of polymers in which
cells are immobilized, and it is typically referred to as
extracellular polymeric substances (EPS). EPS typically consist
of polysaccharides, proteins, nucleic acids, lipids, and humic
substances,4 all of which determine the hydrophobicity,
biodegradability, and adsorption properties of the bioﬁlm.5,6
© 2019 American Chemical Society

The microbial EPS is a multipurpose structure; it serves as
anchoring material for the microbes to attach onto surfaces,7
helps regulate the mass transfer of nutrients and waste
products,6 provides protection from the environment with
regard to temperature and osmolarity, adsorbs metals8 and
diﬀerent organic compounds,9 and is also the building material
for the three-dimensional architecture of the bioﬁlm that
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ensures its mechanical stability.10 The existence of microbial
bioﬁlm and EPS has been known since the early 20th
century,11−13 and current scientiﬁc interest lies in prevention
and destruction of microbial bioﬁlm in public-health related
issues.14 There is also signiﬁcant interest in utilizing EPS for
wastewater treatment as low-cost ﬂocculants15 and heavy metal
sorbents.16,17
Microbial bioﬁlms play an important role in the marine
environment, where microbes sequestered in the bioﬁlm matrix
ensure the proliferation of bacteria in seawater, and facilitates
their adhesion to substrates.18 Bioﬁlms in the marine
environment are complex structures, where dynamic cooperation and competition processes between various microbial
species aﬀect the structure of the bioﬁlm and the abundance of
species in it.11 Coaggregation of bacterial bioﬁlms and the
inﬂuence of nonmicrobial microorganisms present in the
marine environment continuously shape communities in the
bioﬁlm.11,12 Marine bioﬁlms are of signiﬁcant relevance. For
example, speciﬁc bacterial species such as Pseudomonas,
Sphingomonas, Flavobacterium. and their bioﬁlms are undesirable due to their fouling of surfaces of ships, oﬀshore platforms,
and underwater equipment.14,19 On the other hand, many
bacterial species are natural hydrocarbon degraders (Alcanivorax, Cycloclasticus, Fundibacter, Oleispira) and they are an
essential aspect of cleaning up the ocean water after oil spills.20
In addition, there is an increased interest in using microbial
biosurfactants as an environmentally friendly method for
enhanced oil recovery.21,22
Oil spills are major disasters aﬀecting human-environmental
systems, as the examples of the Exxon Valdez23 and the
Deepwater Horizon24 have shown.25 While there are diﬀerent
methods of response and remediation, such as collection by
skimmers26 and in situ burning,27 the application of chemical
dispersants is a convenient large-scale response that has been
deployed in many cases.28 Dispersants are very eﬀective at
dispersing ﬂoating oil into small droplets that remain stable in
the water column. However, their use is still highly
controversial due to concerns regarding their potential toxicity
to marine organisms.29 This has necessitated development of
alternative dispersing agents that are more environmentally
friendly. One direction of this work takes advantage of
emulsion stabilizing agents that are native to the marine
environment, such as bacterial cells and related biosurfactants.
Bacterial cells can stabilize emulsions by adsorbing to
interfaces in a manner similar to colloidal particles. Emulsions
in which solid particles stabilize droplets of one immiscible
phase in the other are known as Pickering emulsions, and the
solid particles acting as stabilizers are Pickering emulsiﬁers.30
Both bacterial cells as well as the solids produced by them as a
part of bioﬁlms can stabilize emulsions. Gong et al.31 reported
the use of dodecanol-modiﬁed bacterial cells as a Pickering
emulsiﬁer. In addition, the biosurfactant secreted by bacteria
can impact emulsion droplet size and stability. Thus, several
reports propose the use of bacterial biosurfactants as a possible
alternative to the commercial chemical dispersants.32−34 The
recent work on marine EPS by Schwehr and co-workers found
that EPS constituents may be more eﬃcient at stabilizing
emulsions at lower concentrations compared to Corexit.35
Microbial bioﬁlms could eﬀectively be a method of lowering
interfacial tension due to biosurfactant and stabilization by
steric hindrance due to both the bacterial cells and the
exopolymer produced.

Our work is based on the hypothesis that the marine
microbial bioﬁlm has a role to play in the dispersion of crude
oil in seawater especially after aging and that this eﬀect is
separate from the normal weathering eﬀect of oil. The direct
concept is that hydrocarbon-degrading bacteria generate
biosurfactants that help reduce the oil−water interfacial
tension to form droplets upon agitation through natural wave
action. At the same time, the generation of EPS forms a barrier
at the oil−water interface and helps stabilize droplets against
rapid recoalescence. A model hydrocarbon degrading marine
bacterium Alcanivorax borkumensis was used to test the
working hypothesis of droplet stabilization by bioﬁlm. This
species of hydrocarbon-degrading marine bacteria produces
both biosurfactant and generates bioﬁlm within which it is
sequestered at the oil−water interface.36−38 Recent pioneering
work by Godfrin and co-workers39 clearly showed distinctions
in the aggregation morphologies of A. borkumensis when grown
in clean conditions and when grown in the presence of an oil
phase. These authors indicated signiﬁcant clustering at the oil−
water interface and the generation of biosurfactant that
reduced the oil−water interfacial tension.
Our work is distinct in that we study the generation of
bioﬁlm at the oil−water interface and simply consider the
bacterial cells to be embedded in the bioﬁlm. In the literature,
microbes are studied in the context of oil biodegradation and
as colonizers of preformed droplets.40,41 However, the
formation of stable oil droplets in seawater through microbial
bioﬁlms has received insuﬃcient attention. Thus, in this paper,
we describe the formation of the bioﬁlm of A. borkumensis and
its role in the stabilization of the oil−water interface to prevent
coalescence of oil droplets. This is an entirely natural system of
emulsiﬁcation and emulsion stabilization and could be a
benign and sustainable aid to oil dispersion in marine
environments. A key aspect to the work is the use of cryogenic
scanning electron microscopy (cryo-SEM) to visualize the
formation of bioﬁlm, the details of bioﬁlm morphology at the
oil−water interface, and aspects of bioﬁlm anchoring to the
oil−water interface.

■

EXPERIMENTAL SECTION

Materials. n-Hexadecane and resazurin sodium salt were obtained
from Sigma-Aldrich. n-Hexadecane was ﬁltered twice through a 0.22
μm syringe ﬁlter before use. Deionized (DI) water generated by an
ELGA reverse osmosis water puriﬁcation system (MEDICA 15BP)
with a resistance of 18.2 MΩ·cm was used in all experiments.
Anadarko crude oil was obtained from the Bureau of Safety and
Environmental Enforcement (BSEE) facilities at Ohmsett, New
Jersey. Alcanivorax borkumensis (ATTC-700651) was obtained from
the American Type Culture Collection (Manassas, VA). Freeze-dried
cultures were reconstituted according to ATCC instructions, using
Difco Marine Broth and agar obtained from Thermo-Fisher
(Fairlawn, NJ). An ONR7a medium was used to simulate the
composition of seawater42 and prepared according to the published
protocol.43 Gibco antibiotic-antimycotic was purchased from
Thermo-Fisher. Corexit 9500A was obtained from Nalco Environmental Solutions LLC and is hereafter designated as Corexit.
Bacterial Growth Experiments. A liquid culture of Alcanivorax
borkumensis was grown on hexadecane (1% v/v) in ONR7a synthetic
medium. When the OD600 of the inoculum reached 0.5 indicating
the exponential phase, the culture was washed by centrifugation with
ONR7a medium to get rid of traces of hexadecane and used for
experiments. Inoculum at a ratio of 1:100 was added in all
experiments. To monitor the bacterial growth, A. borkumensis
inoculum was introduced into 3 mL of ONR7a medium in 10 mL
polystyrene culture tubes, Anadarko crude oil was added at 1:100 v/v
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ratio, and the tubes were kept on a shaker at 150 rpm at 30 °C.
Samples were taken in triplicate for every time point to be analyzed.
Bacterial cell growth was monitored by measuring absorbance at 600
nm (Shimadzu UV-1700) and by resazurin assay.44 A 0.4 mL aliquot
of the collected samples was reacted with 40 μL of resazurin solution
in ONR7a medium. Resazurin conversion was left to proceed for 4 h,
after which 200 μL of serially diluted samples in 96-well plates was
analyzed for ﬂuorescence.
Bacterial Bioﬁlm Characterization. A Hitachi S-4800 ﬁeld
emission scanning electron microscope with the operating voltage of 3
kV was used to obtain cryogenic SEM images of emulsions and
bacterial bioﬁlm. The samples were placed into rivets mounted onto
the cryo-SEM sample holder. The samples were then plunged into
slushed liquid nitrogen for vitriﬁcation. This was followed by
fracturing at −130 °C using a ﬂat-edge cold knife and sublimation
of the solvent at −95 °C for 15 min to etch the sample. The
temperature was lowered back to −130 °C, and the sample was then
sputtered with a gold−palladium composite at 10 mA for 132 s before
imaging. The fractured surface of an emulsion aliquot was imaged
with a focus on large emulsion droplets, as the smallest droplets are
diﬃcult to distinguish from the continuous phase.
Interfacial Tension Measurements. The interfacial tension
between n-hexadecane and an aqueous phase based on the ONR7a
medium was measured by the pendant drop method using a standard
goniometer (Rame-Hart, model 250 with DROPimage software). A
20 μL drop of aqueous sample was injected into 5 mL of hexadecane
outside phase. The injected sample was ﬁltered twice through a 0.22
μm syringe ﬁlter before injection. The droplet was left to stabilize for
at least 10 min or until the variation in two consecutive (interval of 10
s) interfacial tension measurements was less than 0.01 mN/m.
Dispersion Eﬀectiveness Measurements. We used a baﬄed
ﬂask test45 that was adapted for bacterial growth and bioﬁlm
formation. A 1 mL sample of inoculum was introduced to 100 mL of
ONR7a medium amended by 100 μL of Anadarko crude oil. The
abiotic controls included antibiotic−antimycotic added at a 1:100
volume ratio. The ﬂask was left to swirl gently at 30 rpm. The ﬂask
was then used for dispersion eﬀectiveness measurement as described
in the published protocol.45 The percentage light transmittance
through the emulsion was then measured on a UV−vis spectrophotometer (Shimadzu UV-1700) at a wavelength range of 340−400 nm,
and the UV Probe software (version 2.32) was used for data analysis.
Emulsion Characterization. Aliquots of emulsions were used for
emulsion droplet size characterization using an Olympus IX71
microscope in the bright ﬁeld mode. The average droplet diameter
of the emulsions (at least 300 droplets per sample) was estimated by
ImageJ software.
Biodegradation Measurements. The experimental setup was
analogous to the one used for growth curve monitoring. Anadarko
crude oil was doped with anthracene as the internal standard (3 mg/
mL) before oil was added to the bacterial culture. Crude oil was
additionally doped with hexadecane to 5 mg/mL. After certain time
periods, samples were used to assess biodegradation. The oil fraction
was extracted by dichloromethane and hexane mixture (1:1 v/v), and
the extracts were used to quantify biodegradation of n-hexadecane in
Anadarko crude oil by GC-FID (Agilent 7820A, HP-5 column). The
program used was as follows: start at 50 °C, hold for 2 min,
temperature increase was 10 °C/min until the temperature reached
280 °C. The detector temperature was kept at 300 °C.

Figure 1. Growth curves of A. borkumensis as measured by absorbance
at 600 nm (black curve) and resazurin viability assay (red curve).
Hexadecane-ONR7a medium interfacial tension changees with the
growth of A. borkumensis culture (inset) and generation of
biosurfactant.

Bacteria were incubated in culture tubes that were gently
shaken on an orbital shaker at 150 rpm. At speciﬁc time points
the samples were collected to measure the optical density
(OD) and to carry out the resazurin assay. The latter method
generates a response from live cells and is contrasted with the
OD curve to show that the bacterial population increases
rapidly only in the ﬁrst 2 days of incubation. It should be noted
that the OD measurements are based on turbidity and include
contributions from both cells and bioﬁlm ﬁlaments which add
to the turbidity. In contrast, the resazurin assay which involves
cell-mediated reduction of resazurin to resoruﬁn44 clearly
measures the viable cells in the system. Thus, the resazurin
assay provides information about the presence of live and
active bacterial cells. We see a sharp decline in the response
coming from the viable cells after 40 h which is due to the drop
in pH in a conﬁned system.38 The drop in the number of viable
cells perhaps occurs due to acidiﬁcation of the growth medium
as observed by Scoma and co-workers48 and Barbato and coworkers49 and has been attributed to metabolites released into
the medium. The generation of biosurfactant is particularly
noteworthy as the oil−water interfacial tension (inset to Figure
1) decreases with time. We note that the interfacial tension
measurements were done using the pendant drop method of a
droplet of the cell culture in a bulk clear hexadecane phase
(rather than the dark Anadarko crude oil) to enable
visualization of the water droplet.
The inset to Figure 1 shows that generation of biosurfactant
accompanies bacterial growth, and the culture is able to reduce
interfacial tension (between the aqueous ONR7a medium and
hexadecane) from 47 to 23 mN/m over 3 days of incubation.
The lowest hexadecane-ONR7a interfacial tension observed in
bacterial samples is 23 mN/m. A decrease in interfacial tension
beyond 3 days is insigniﬁcant possibly relating to the drop oﬀ
in the number of live cells that generate biosurfactant. Similar
observations of interfacial tension reduction were noted by
Godfrin and co-workers.39
Bacterial Bioﬁlm Growth at the Oil−Water Interface.
Figure 2 shows characteristics of A. borkumensis attachment
and the bioﬁlm, after the oil−water interface of the Anadarko
crude oil has been colonized by the organism in an
experimental setup similar to the one reported in Figure 1.
We note that the system represents a gently shaken culture on
an orbital shaker with no eﬀort made to disrupt the oil layer.
Thus, the direct photographic image of the interface (Figure

■

RESULTS AND DISCUSSION
Cell Growth Characteristics and Biosurfactant Production. A. borkumensis is a predominant species in the
marine consortium surrounding an oil spill,46 and its ability to
degrade aliphatic hydrocarbons makes it a suitable model for
studies on bacterial growth and biodegradation.38,46,47 Figure 1
shows growth curves of A. borkumensis bacterial cells in
ONR7a synthetic medium containing nitrogen, phosphorus,
and iron amended with Anadarko crude oil at a 1:100 v/v ratio.
14492
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bore needle inserted through the funnel. The capillary was
further placed horizontally onto a Petri dish to allow
microscopy imaging. The Petri dish was ﬁlled with more
ONR7a medium to cover the capillary and allow bacterial
access to oil from the funnel side. Bacterial inoculum was then
introduced to the Petri dish to simulate gradual colonization of
the oil−water interface, and the system was imaged with an
optical microscope at speciﬁc time intervals. Figure 3 panels
b−d show the changes as A. borkumensis cells form bioﬁlm at
the interface. The small dots in the micrograph represent the
bacterial cells but these are hard to visualize in the static
micrograph of Figure 3c; the video provided in the Supporting
Information (Video S1) shows bacterial movement in the
aqueous phase and close to the oil−water interface. After 24 h,
bacterial cells closest to the interface undergo a signiﬁcant loss
in motility as they become sequestered in the bioﬁlm. Figure
3d indicates that after 72 h, clearly visible bioﬁlm has formed.
In the duration of this experiment, the bioﬁlm grows to form a
mat at the interface of approximately 50 μm thickness
(Supporting Information, Figure S2). This bioﬁlm mat appears
to be a mechanical barrier at the interface. It is known that
bacterial bioﬁlms grown on oil−water interfaces, such as those
of Pseudomonas aureginosa,51 Pseudomonas putida,52 and
Marinobacter hydrocarbonoclasticus53 exhibit a degree of
elasticity and stiﬀness.
The Role of Bioﬁlm in Oil Dispersion. We posit that A.
borkumensis bioﬁlm as well as bacterial cells in the culture can
stabilize emulsion droplets created by the biosurfactantinduced reduction in the interfacial tension and can thus be
used to disperse oil. Figure 4 describes the experimental design
for dispersion testing. A. borkumensis inoculum was introduced
into the growth medium, after which oil (100 μL) was layered
at the surface of the medium (100 mL) resembling a slick. The
resulting thin oil layer was then allowed to be colonized by
bacteria. During bacterial growth and interface colonization the
ﬂasks were kept gently swirling on an orbital shaker (30 rpm).
At the end of a speciﬁc time period, the ﬂasks were shaken
vigorously for the baﬄed ﬂask test (200 rpm for 10 min
following the EPA protocol45). Our experiments therefore
consider dispersion eﬀectiveness in the absence of any added
chemical dispersant where dispersion is the consequence of
bacterial biosurfactant and/or bioﬁlm formation.

Figure 2. A. borkumensis bioﬁlm: (a) digital photograph of A.
borkumensis bioﬁlm grown at the crude oil-ONR7a interface in a
culture tube; (b) cryo-SEM showing bacterial cells and exopolymer
ﬁbers around them after 4 days of incubation; (c) higher
magniﬁcation cryo-SEM image showing the bacterial cells are covered
in exopolymer and interconnected by it; (d) cryo-SEM showing
individual bacterial cells and exopolymer ﬁbers on and around the
cells. Panels b−d are based on the same image but with higher
magniﬁcation.

2a) reveals a mucus-like layer below the oil representing the
microbial bioﬁlm containing bacterial cells and exopolymer,
that is typical of microbial activity at surface oil layers.50 The
appearance of the thick bioﬁlm at the interface occurs over 3−
4 days after the inoculum is introduced to oil amended ONR7a
growth medium. The panel of cryo-SEM images performed by
sampling the bioﬁlm followed by vitriﬁcation (Figure 2b−d)
shows a progression from low to high magniﬁcation resolving
the microstructure of the bioﬁlm. The remarkable clarity of
individual ﬁbers of bioﬁlm can be observed through the high
resolution cryo-SEM.
Microbial bioﬁlm growth at the oil−water interface was
additionally monitored on an immobilized oil surface with the
experimental setup as shown in Figure 3a. For this experiment,
a funneled capillary (capillary outer diameter = 0.1 mm) was
chosen to simulate a static oil−water interface. A short, closed
capillary was ﬁrst ﬁlled with ONR7a medium and subsequently
1 μL of crude oil was injected into the medium using a narrow

Figure 3. (a) Schematic of the experimental setup for monitoring bioﬁlm growth. Crude oil-ONR7a medium interface in the capillary: (b) the
interface before bioﬁlm growth, (c) the interface is less sharp after 24 h due to bacteria populating the oil surface, (d) signiﬁcant bioﬁlm growth at
interface after 72 h.
14493
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was achieved with bacteria incubated for 3 days. We therefore
propose that bioﬁlm at the oil−water interface of a surface slick
plays a role in the dispersibility of oil that is aged for a
relatively short period of greater than perhaps 2 days, and that
is separate from weathering where the lighter components of
the oil evaporate leaving behind the heavier more viscous
components. The process starts with cells attaching to the oil−
water interface as has been noted by other researchers.54,55 The
subsequent rapid growth of bioﬁlm56,57 leads to interfacial
rigidity and eventually inhibits the ability of any biosurfactant
produced to signiﬁcantly enhance the dispersibility of oil.
While the role of the biosurfactant to enhance dispersion is
perhaps valid for a period of up to 3 days, by day 7 the bioﬁlm
rigidity reduces the dispersibility signiﬁcantly. Thus, a 3-day
culture performs better in a baﬄed ﬂask test compared to the
7-day culture, due to a less rigid bioﬁlm at the interface. The
visual comparison of the two samples showing the most
dispersion (the 3-day culture and Corexit) is seen in the digital
photographs of Figure 5. We note that the dispersion
eﬀectiveness of Corexit added to oil that is not colonized by
bacteria is much higher since Corexit decreases the oil−water
interfacial tension to values as low as 0.1 mN/m at a 1:100
dispersant-to-oil ratio (DOR),58 2 orders of magnitude lower
than the lowest interfacial tension (23 mN/m) generated by
the biosurfactant (Figure 1 inset).
A revealing experiment that emphasizes how a mature
bioﬁlm at the interface may hinder extensive dispersion of oil is
the addition of Corexit to the 7-day culture (Figure 5e). There
is a clear decrease in the dispersion eﬀectiveness to about 50%.
This is an observation that is typically not recognized in the
use of chemical dispersants, where it is generally assumed that
dispersion eﬀectiveness decreases with aging because of oil
weathering.50 Our results in a system where weathering is
minimal, indicate that the decrease in dispersion eﬀectiveness
is a consequence of interfacial rigidity created by the formation
of a bacterial bioﬁlm. The bioﬁlm in the sample incubated for 7
days creates a barrier at the interface hindering breakage of the
slick into smaller droplets through agitation. It should be noted
that the increased rigidity of the bioﬁlm may be the result of
the changes in the bacterial culture, speciﬁcally, due to the
increased number of dead bacterial cells as can be deduced
from the growth curve on Figure 1. The growth as monitored
by resazurin assay reveals that the number of viable cells in the
bacterial culture begins to decline after the ﬁrst 2 days of
incubation, whereas the response from the total bioﬁlm when
measured by absorbance at 600 nm continues to increase. This
suggests that the presence of a mature bioﬁlm containing dead
cells aﬀects the dispersibility of oil signiﬁcantly diﬀerently as
compared to a bioﬁlm formed during an active growth phase
with a lot of live cells in the system. The ﬁnding emphasizes
the importance of the window-of-opportunity for dispersant
applications on surface slicks, which are sensitive to oil
weathering.50 Our work suggests that microbial processes
occurring at the oil−water interface of an oil slick may be an
additional factor to consider.
Aliquots from the aqueous subphase were sampled for
analysis by optical microscopy after the baﬄed ﬂask test was
done. The droplet size distribution (DSD) of the sample
before incubation with only a small number of cells expectedly
contains predominantly large droplets (Figure 6a) with the
median droplet diameter of 16 μm and over 80% of the
droplets are in the 10−20 μm range. Most of the oil does not
form droplets and rises to the surface reconstituting the

Figure 4. (a) Schematic of the experiment designed for simulating
dispersion of a bioﬁlm coated oil slick, (b) digital photos of the baﬄed
ﬂask corresponding to the schematic, from left to right: immediately
after introduction of the inoculum, after incubation for 3 days, and
after shaking the 3-day system and allowing it to settle following the
baﬄed ﬂask test protocol.

The results of the baﬄed ﬂask test are presented in Figure 5.
The freshly introduced inoculum has a minimal eﬀect on oil

Figure 5. Anadarko crude oil dispersed by A. borkumensis culture after
the introduction of the inoculum (0 day culture), 3 days, and 7 days
later. Dispersant to oil ratio (DOR) of Corexit is 1:100. Oil to ONR7a
ratio 1:1000.

dispersion with less than 15% oil dispersed which is only
slightly more than that of the natural dispersion based on small
amounts of amphiphilic hydrocarbons in the crude (Figure 5,
system a). The 3-day bacterial culture that contains bioﬁlm
shows a moderate dispersion of crude oil (46%) as estimated
from the baﬄed ﬂask test (system b). The sample containing
bacterial culture incubated for 7 days, however, is less eﬀective
in oil dispersion, as only approximately 30% of oil is dispersed
(system c). Not surprisingly, the bacterial culture although
moderately dispersing oil, does not disperse it to the same
degree as the chemical surfactant blend Corexit (system d)
which when added at a 1:100 v/v ratio to the crude oil yields a
dispersion of about 65%. This is the only system that does not
show any distinct oil as a bulk phase over the water phase.
As seen in the samples after 3 and 7 days of incubation
which contain biosurfactant, the presence of biosurfactant is
not the sole factor that determines the dispersion eﬀectiveness.
The highest dispersion eﬀectiveness with the bacterial culture
14494
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Figure 6. Droplet size distributions in the subphase of the baﬄed ﬂask reﬂecting (a) dispersion in an A. borkumensis inoculum immediately after
introduction, (b) dispersion in a 3-day A. borkumensis culture, (c) dispersion in a 7-day A. borkumensis culture, (d) dispersion by Corexit at DOR
1:100, (e) dispersion by Corexit at DOR 1:100 added to the bacterial sample incubated for 7 days. The Anadarko crude oil to ONR7a ratio is
1:1000 in all experiments.

6b,d). The median droplet diameter (4−5 μm) is also
comparable in the samples dispersed with the 3-day culture
and with Corexit (Figure 6b,d). The droplets in both these
samples are suﬃciently small to render them stable in the water
column indicating that oil can be eﬀectively dispersed in both
systems. The bacterially dispersed sample with a mature
bioﬁlm incubated for 7 days, however, contains larger droplets
in the aqueous subphase, with a median diameter of 10 μm
(Figure 6c). Together with the fact that the 7-day system
shows a signiﬁcantly reduced dispersion eﬀectiveness of 30%,
the observation indicates the bioﬁlm induced rigidity of the
oil−water interface and the diﬃculty of dispersing the oil. We
note that the biosurfactant generated can reduce the interfacial
tension to around 23 mN/m over 5−7 days for a pristine oil−
water interface, but the dispersion eﬀectiveness in the real
system with a bioﬁlm containing interface does not correlate to
the reduction in interfacial tension. Dispersion therefore is not
simply a consequence of a reduction in interfacial tension. The
rigidity of the bioﬁlm hinders formation of very small droplets
even with the application of Corexit, resulting in the shift in the

initially present oil slick, as can also be seen from the ﬂask
images in Figures 4a and 5a. As the bacterial density increases
in the 3-day culture (Figure 6b), smaller droplets were formed
with the generation of biosurfactant. Almost half of the
analyzed droplets in the 3-day cultured sample of Figure 5b are
in the 1−5 μm range (Figure 6b). Figure 6c shows the droplet
size distribution of the 7-day cultured sample (Figure 5c). In
this case, there is a median diameter of 10 μm and a decrease
in the number density of droplets in the 1−5 μm range. With
the control sample of Corexit, over 60% of the droplet
population falls into the 1−5 μm range (Figure 6d). When oil
colonized by bacteria for 7 days is dispersed with Corexit at a
1:100 DOR (Figure 6e), over half the droplets are larger than 5
μm. The smallest droplets constituted approximately 40% of
the droplet population. The optical micrographs of the
emulsion droplets are reported in the Supporting Information
(Figure S3).
A trend corresponding to the dispersion eﬀectiveness is
observed from the DSDs in Figure 6, where the Corexitdispersed and the 3-day culture dispersed samples contain the
largest fraction of small oil droplets (1−5 μm range) (Figure
14495
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Figure 7. Cryo-SEM images of A. borkumensis stabilized emulsion: (a) A. borkumensis stabilized emulsion sample shows the presence of several
droplets, (b) bacteria and exopolymer covered oil droplet has some of the adsorbed cells attached to oil, most of the surface layer was removed as a
result of sample fracture, (c) higher magniﬁcation used to show the surface layer on the oil droplet, (d) high resolution cryo-SEM shows rod shaped
cells typical of A. borkumensis morphology at the surface of oil and exopolymer interconnected the cells.

DSD toward larger diameters (Figure 6e) and a decrease in
dispersion eﬀectiveness (Figure 5e).
Cell Sequestration in Bioﬁlms at the Droplet Oil−
Water Interface. Figure 7 shows cryo-SEM images of
droplets sampled from a ﬂask incubated for 5 days and shaken
to obtain an oil−water emulsion. Figure 7a is a low
magniﬁcation image showing several drops from a frozen
aliquot. The schematic in the inset represents the expected
droplet stabilization mechanism for the bacterially dispersed
samples. Figure 7b focuses on a droplet with some of the
bacterial surface layer intact and most of the oil phase exposed
due to the fracturing of the sample to show a surface with
droplets embedded. With a focus on the bacterial layer, higher
resolution images indicate that the layer is made up of rodshaped bacteria tightly packed and with their long-axis side
attached to the oil (Figure 7c). Such attachment of bacteria
was suggested to occur due to potential bridging of the
biosurfactant at the interface enabling bacterial attachment to
the oil−water interface.39,54 The surface of the exposed oil
shows imprints of bacterial cells, also visible on Figure 7b.
Figure 7d is a high-resolution image showing bacterial cells
more clearly, and the exopolymer ﬁbers are fully discernible.
The exopolymer covers the surface of cells and the dense
exopolymer and cells constitute the bioﬁlm matrix.10
Implications to Oil Biodegradation. To complete
studies on the attachment of hydrocarbon degrading bacteria,
it becomes necessary to get a quantitative estimation of
biodegradation. Since we are using a single bacterium cultured
to degrade hexadecane, a simple test was devised to estimate
crude oil biodegradation based on the consumption of
hexadecane that was intentionally spiked into the oil prior to
the experiment. It should be noted that hexadecane is a small
component of the crude and is diﬃcult to quantify because of
the large number of components of the oil. Spiking its

concentration provides clarity in peak area estimation. In
analyzing characteristics of biodegradation, we used anthracene
as an initial standard and also spiked the crude oil with
anthracene for clarity of the GC peak. Aromatics are
recalcitrant to degradation by A. borkumensis59 and in the
single microbial species based degradation used in this work,
the added anthracene serves as a clear internal standard for
understanding degradation of hexadecane. The ratio of the
hexadecane peak to the anthracene peak is used as a measure
of biodegradation.38 This method facilitates solubilization of
both components in crude oil, as hexadecane and anthracene
are mutually insoluble but each component is soluble in the
crude. The GC traces in the insets to Figure 8 show the
characteristics of the hexadecane degradation using anthracene

Figure 8. Biodegradation of hexadecane by A. borkumensis.
Hexadecane in the crude oil serves as a biodegradation indicator
(inset a). The error bars indicate standard error. Approximately 6% of
hexadecane remained after 5 days of incubation (inset b). C16
denotes hexadecane peak, and A indicates the anthracene peak.
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microscopy to image the oil−water interface at nanoscale
resolution provides insight into the characteristics of bioﬁlm
growth, cell sequestration, and anchoring to the interface, and
is a speciﬁc novelty of our work.

as the standard. As Figure 8 indicates, hexadecane degradation
in the emulsion system stabilized by A. borkumensis begins to
proceed rapidly within the ﬁrst 2 days while the anthracene is
unaﬀected. Upon encountering an oil mixture, hydrocarbon
degrading bacteria quickly adapt to the consumption of the
available substrate suitable for their metabolism,50 which
explains the rapid degradation of hexadecane that A.
borkumensis are predisposed to consume. The observation
suggests that bacteria consume hexadecane at early stages of
their growth before building an extensive bioﬁlm network
clearly visible at the interface. Approximately 6% of hexadecane
remained after 5 days of incubation. The values are normalized
against abiotic controls which showed no degradation of
hexadecane over the duration of the experiment. The pseudoﬁrst-order rate constant of the hexadecane consumption is 0.74
± 0.06 d−1 with a half-life of 0.94 days.
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CONCLUSIONS
We have examined the emulsion stabilization capabilities of A.
borkumensis bacterial bioﬁlm as a natural and green method of
oil droplet stabilization in seawater. The results of the work
show that with suﬃcient simulated wave action the A.
borkumensis bacterial culture is eﬀective at dispersing
approximately 45% of oil slick into stable droplets 10−50
μm in diameter. Cryo-SEM reveals direct adhesion of bacterial
cells and exopolymer at the oil surface, indicating that bacteria
and exopolymer contribute to the Pickering-type stabilization
of the oil-in-water emulsion. The secreted biosurfactant
additionally facilitates the formation of smaller droplets for
eﬀective dispersion of oil in the water column.
The role of exopolymer in the A. borkumensis bioﬁlm was
found to be especially signiﬁcant in the context of oil spill
dispersion. The exopolymer coats the bacterial cells as well as
immobilizes them to form a rigid three-dimensional bioﬁlm
framework. A mature bioﬁlm grown at the interface can
provide resistance to dispersion as it tends to retain the shape
of the interface due to the strong attachment of the cells and
their self-locking with the produced exopolymer. The baﬄed
ﬂask test of dispersant action when added to the
experimentally simulated oil slick with bacterial bioﬁlm
indicates that dispersion may be inhibited when suﬃcient
bioﬁlm forms that leads to a bioﬁlm mat that rigidiﬁes the oil−
water interface. The work therefore shows characteristics of the
emulsion stabilization mechanism of bacterial cultures and
complements earlier work related to the understanding of the
eﬀect of surfactants on the bacterial growth and attachment.
Our work suggests that in addition to the eﬀects of weathering
of spilled oil due to photooxidation and evaporation, oil spill
response mechanisms may need to consider the eﬀect of
microorganism induced changes at oil−water interfaces.
We note that a recent report from the National Academies50
provides a wealth of information on the current status of the
use of dispersants and points the way to new technologies. A
speciﬁc technology that has potential is the use of particle
stabilized emulsions (Pickering emulsions). Our work adds to
these directions as we show that Pickering emulsions can be
formed with bioﬁlm generated by oil degrading bacteria and
that the bioﬁlm accumulates at the oil−water interface.
Furthermore, the bacteria generate surfactants that reduce
the oil−water interfacial tension and enable dispersion. Our
ﬁndings therefore lead to an increased understanding of the
oil−water interface and the dispersibility of surface slicks with
underlying exopolymer. The use of cryogenic electron

■

Optical images of bacterial bioﬁlm at the oil−water
interface in the capillary used for estimation the
thickness of the bioﬁlm layer; optical micrographs of
the droplets taken from the subphase after the baﬄed
ﬂask tests used to generate droplet size distributions
(DSDs) presented in Figure 6 (PDF)
Time-lapse video of bacterial movement at the crude
oil−water interface (AVI)
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ONR7a medium with 1 μl of crude oil injected with a thin needle. The capillary was secured onto
a petri dish and the dish was filled with more ONR7a medium. Bacterial inoculum (1:100 v/v) was
introduced into the petri dish containing oil and ONR7a medium filled capillary

S1. The video is a time-lapse of bacterial movement at the oil-water interface 24 hours after
bacteria addition. The time-lapse is 10x speeded. The cells further from the interface appear to be
moving more vigorously. The first biofilm tendrils appear at the oil surface.

S2. Immobilized crude oil – water interface in the capillary to show biofilm formation and estimate
the thickness of the biofilm layer.
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Figure S2. Anadarko crude oil – ONR7a medium interface: (a) before A.borkumensis biofilm
growth, (b) 72 hours after the introduction of bacteria. After 72 hours a biofilm mat is observed
covering the oil surface.
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S3. Optical micrographs of the droplets taken from the subphase after the baffled flask tests. The
images were used to generate droplet size distributions (DSDs) presented in Figure 6 of the
manuscript.

Figure S3. Droplets in the subphase of the baffled flask generated by: (a) dispersion in an
A.borkumensis inoculum immediately after introduction, (b) dispersion in a 3-day
A.borkumensis culture, (c) dispersion in a 7-day A.borkumensis culture, (d) dispersion by
Corexit at DOR 1:100, (e) dispersion by Corexit at DOR 1:100 added to the bacterial sample
incubated for 7 days. The Anadarko crude oil to ONR7a ratio is 1:1000 in all experiments.
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